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 The potato psyllid (Bactericera cockerelli) is an emerging pest of 

solanacious crops. Traditionally their range expanded from Guatemala north 

through the central United States and into southern California. Recent 

expansions have led to potato psyllids residing as far south as Nicaragua and as 

for north as Washington State. Potato psyllids were also accidentally imported 

into New Zealand. These expansions are alarming because potato psyllids 

transmit Candidatus Liberibacter solanacaerum (Lso), the bacteria associated 

with Zebra Chip disease in potato, which results in millions of dollars in damages 

annually. In this study, potato psyllid and Zebra Chip range expansion into 

Central America was explored; the current method of detecting Lso was 

compared to pyrosequencing to identify irregularities in infections of psyllids in 

fields and research labs; and the microbial communities of potato psyllids were 
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used to assess differences between populations and to provide evidence of 

migration patterns. The results of this research indicate that potato psyllids and 

Zebra Chip disease are spreading throughout Central America and infecting new 

plants such as tobacco, which could have severe economic impacts on the 

region. Current methods of detecting Lso are not sensitive enough to detect the 

pathogen at low levels of infection. Surveys of potato psyllid microbial 

communities provided insight into the population dynamics of potato psyllids. 

Potato psyllids in different regions contain drastically different microbial 

communities, mainly influenced by the proportions of Wolbachia and Candidatus 

Carsonella rudii. Haplotype, year, and host plant unexpectedly did not have an 

impact on potato psyllid microbial community.
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Literature Review 

Potato Psyllids 

Description  

The potato (tomato) psyllid (Bactericera cockerelli (Sulc)) is an 

economically important crop pest. Potato psyllids are insects, which lie in the 

order Hemiptera, sub-order Sternorrhyncha, and the family Triozidae. The sub-

order Sternorrhyncha also includes other economically important sap-sucking 

insects such as aphids (Hemiptera: Aphididae) and white flies (Hemiptera: 

Aleyrodidae). Like all hemipteran insects, potato psyllids are hemimetabolous, 

Figure 1.1: Life stages of Bactericera cockerelli (Rondon 2012) 
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and undergo five nymphal instars. Adult psyllids are black to brown with stripes of 

varying color along their abdomen. Both sexes have clear wings. They can be 

between 1.3 and and 1.9 mm in length (Lehman 1930, Liu and Trumble 2007). 

Early instar nymphs are white to yellow and later instars darken to green (Essig 

1917).  

Lifespan and development are heavily dependent on temperature but can 

also be influenced by  host plant, sex, and regional differences in haplotype 

(Yang et al. 2010). Optimal temperature for potato psyllids has been determined 

to be 26.7°C, 32.2°C begins to be detrimental, and 38.8 is lethal to eggs, nymphs, 

and stops egg laying (List 1939). Psyllids lay their eggs on the top and bottom 

surfaces of leaves where they attach by a thin stalk (Knowlton and Janes 1931, 

Pletsch 1947). Eggs are yellow and oblong, 0.1mm long by 0.3mm wide 

(Compere 1915, Pletsch 1947). Eggs hatch after 3-15 days (Knowlton and Janes 

1931, Yang and Liu 2009). Nymphal development takes between 12 and 44 days 

with an average of 15.4 days (Knowlton and Janes 1931, Yang et al. 2010). 

Nymph mortality is responsible for a majority of natural deaths (Abdullah 2008). 

Adult psyllids lifespan can range from 16-97 days . Females can begin laying 

eggs three days post-emergence but this can be delayed up to 25 days 

(Knowlton and Janes 1931, Abdullah 2008). Once mating has occurred a female 

will continue to lay eggs for up to 27.8 days, laying between 5-50 eggs every 24 

hours (Knowlton and Janes 1931, Yang and Liu 2009). There is a 1:1 sex ratio of 

offspring (Knowlton and Janes 1931).  
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Potato psyllids are phytophagous, and predominantly feed on phloem. 

Adult psyllids generally feed on the underside of leaves but will also feed on the 

tops of leaves, stems, and petioles depending on the plant host and stage. 

Nymphs also generally feed on the undersides of leaves and rarely move 

(Lehman 1930). Potato psyllids have been observed feeding on over 20 families 

of plant but have only been seen to complete development on 40 species 

(Knowlton and Thomas 1934, Wallis 1951). Although psyllids seem to be a fairly 

generalist species, they show a preference for plants in the family Solanaceae 

(Wallis 1955), hence their common names of tomato or potato psyllid. Wintering 

psyllids have been found on evergreens in California and early spring breeding 

populations in Texas and Arizona have been found on Lycuim sp. (Romney 

1939).   

Range 

Potato psyllids undergo a seasonal range variation or migration following 

optimal temperatures. They have been collected in aerial insect surveys at an 

elevation of 1200m and have been found high in the Sierra Nevada Mountains 

suggesting that psyllids migrate using air currents (Glick 1939, Papp and 

Johnson 1979). It is not currently known if their migration is dead-end or bi-

directional although evidence suggests the psyllids are moving in a bidirectional 

pattern. Breeding populations are found in Southern Texas and Arizona in winter 

and early spring (Romney 1939). As temperatures rise, psyllid populations in this 

area disappear and begin to arrive farther north. Psyllids are regularly found in 
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Oklahoma, Kansas, Nebraska, North Dakota, South Dakota, Nevada, New 

Mexico, Montana, Minnesota, Idaho, Colorado, Utah, and Wyoming (Pletsch 

1947, Munyaneza, Goolsby, et al. 2007, Munyaneza, Crosslin, et al. 2007, Secor 

et al. 2009, Munyaneza 2010). The upper reaches of the migration end in 

Canada where they have been observed in Alberta, Saskatchewan, British 

Columbia, and Ontario (Pletsch 1947, Wallis 1955, Ferguson et al. 2002). Year-

round populations of potato psyllid occur in southern California but some of these 

psyllids seem to migrate north into Oregon and Washington (Munyaneza et al. 

2009). It has been proposed that there is an isolated population in Washington 

and Oregon. Potato psyllid range also extends south through Mexico and Central 

America, where they have been observed in Guatemala, El Salvador, Honduras, 

and Nicaragua (Espinoza 2010, Munyaneza 2012, Powell et al. 2012, Bextine et 

al. 2013). Potato psyllids also have year-round breeding populations in New 

Zealand after an accidental immigration in 2005 (Teulon et al. 2009).  

History 

Karen Sulc described the potato psyllid in 1909 (Sulc 1909). They were 

not considered a potential pest until 1915 when an outbreak occurred on False 

Jerusalem  Cherry in California that required the use of pesticides (Compere 

1915). The first major outbreak took place in 1927, spreading from Utah and to 

other Rocky Mountain states. During this outbreak the first evidence of psyllid 

yellows was seen and thought to be caused by toxins in the psyllid’s saliva 

(Linford 1928, Richards 1928). The earliest large-scale psyllid outbreaks 
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occurred in 1938 (Wallis 1946, Hill 1947). In 2001 a large outbreak of potato 

psyllids spread across the central and western United States and has since 

become an annual event. As well as becoming an annual pest  across North and 

Central America, potato psyllids invaded New Zealand in 2005 and have become 

an established and costly agricultural pest (Teulon et al. 2009). 

Psyllid Yellows 

There are several diseases spread by potato psyllids that are of 

agricultural importance including psyllid yellows (PY) and Zebra Chip. Psyllid 

yellows, first seen during the 1927 outbreak, is characterized by reduction in 

growth and stem rigidity, chlorosis of the leaves, basal cupping of leaves, aerial 

tubers, and premature death (Richards et al. 1927, Richards 1928, Blood et al. 

1933, Pletsch 1947). Potato psyllid nymph feeding is the direct cause of the 

disease in potatoes; though PY can be caused by adult psyllids in tomato (Blood 

et al. 1933, Daniels 1954). A bacterium or virus is not the cause of the disease, 

but the exact cause of the disease is currently unknown (Binkley and Metzger 

1929, Daniels 1954, Abernathy 1991). Tubers from plants displaying the 

symptoms of psyllid yellows can be replanted and produce normal, though 

spindly, plants; thus, the symptoms are a direct result of psyllid feeding (Binkley 

and Metzger 1929). Diseased plants contain starch deposits in the stems and 

necrosis of the phloem (Schaal 1938, Carter 1939). Tubers of infected potatoes 

have lower starch content, thicker skins, and are reduced in size (Linford 1928, 
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Carter 1939). In both tomatoes and potatoes there is significant crop loss from 

PY (Liu and Trumble 2007). 

(move to next page) Zebra Chip 

In 1994 a new disease, commonly called Zebra Chip (ZC), arose in potato 

fields in Saltillo, Mexico. Potato psyllids were thought to be associated with the 

disease but the causal agent was not yet identified (Munyaneza et al. 2007). 

Later, the disease was found to be associated with the bacteria Candidatus 

Liberibacter solanacearum (Lso) which is transmitted by potato psyllids (Secor 

and Rivera-Varas 2004, Secor et al. 2009, Haas et al. 2011, Nachappa et al. 

2011). ZC has now been reported as far north as Washington and Idaho and also 

into Central America as far as Nicaragua (Figure 1.2) (Munyaneza et al. 2009, 

Crosslin et al. 2012, Bextine et al. 2013).  

 

 

 

Figure 1.2: Map of ZC presence in North and Central America (Munyaneza et al. 2012) 
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ZC has foliar symptoms similar to psyllid yellows, but was identified and 

named based on the physiological changes in the tubers that are not caused by 

psyllid yellows (Arslan et al. 1985, Sengoda et al. 2009). Lso causes infected 

potato tuber medullary tissues to necrose, converting the starches to simple 

sugars, resulting in potatoes that turn dark and striped when fried rendering them 

unusable for the chipping industry and other uses. Lso is transmitted by infected 

potato psyllids feeding on the phloem of an infected solanaceous plant. It has 

been shown that one infected psyllid can infect a potato plant with Lso within six 

hours of feeding on that plant and only a short time is required for a psyllid 

feeding on an infected plant to acquire Lso (Buchman, Heilman, et al. 2011, 

Buchman, Sengoda, et al. 2011). Though some nymphs are infected through 

transovarial transmission, most psyllids acquire Lso by feeding on an infected 

plant as nymphs (Wu et al. 2006, Nachappa et al. 2011, Pitman et al. 2011). 

When these infected nymphs reach adulthood they then travel carrying Lso with 

them infecting fields farther north. When infected with Lso, that bacteria spreads 

throughout the plant and can infect sister tubers. The transmission to sister 

tubers results in the need to destroy an entire crop where ZC occurs to prevent 

the future spread of the disease (Buchner 1965, Shigenobu et al. 2000, Pitman et 

al. 2011).  

Biotype and Haplotype 

Subtle differences between different populations of an insect species, 

such as feeding preference, resistances, or mating behavior, can isolate 
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populations creating a unique biotype (Diehl and Bush 1984). Though these traits 

were traditionally all that was required to classify a biotype, current methods also 

require a genetic backing to determine biotype (Claridge and Hollander 1983). 

For example the whitefly, Bemisia tabaci, a worldwide agricultural pest, has 

multiple biotypes, biotype B which feeds on non-traditional host plants, while 

biotype Q has increased pesticide resistance (Jiang et al. 1999, Horowitz et al. 

2003). In recent years different haplotypes of potato psyllid have been described 

by stable genomic variations in the CO1 gene, with ISSR, and the Wolbachia wsp 

gene. These stable genetic variations are regional with one primarily in the 

western United States, another in the central United States and Central America, 

and the newest in the Pacific Northwest and Idaho. (Shigenobu et al. 2000, Liu et 

al. 2006, Munyaneza, Crosslin, et al. 2007, Jackson et al. 2009, Swisher et al. 

2012). The ability to detect these haplotypes has been beneficial in 

understanding the sources of new outbreaks in New Zealand and Central 

America. Physiological differences between these haplotypes are currently 

unknown, but if the haplotypes are observed to have different feeding behaviors, 

bacterial symbionts, or salivary toxins, they could be confirmed as a unique 

biotype. Identifying biotypes and populations most likely to cause agricultural 

damage could have economic advantages, especially if one biotype is more 

capable of causing agricultural damages or carrying Lso. 
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Insect-Bacterial Symbiosis 

Symbiotic Bacteria in Insects  

Many insects have specialized diets lacking in balanced nutrients. To 

account for insects’ restrictive diet, many have developed symbiotic relationships 

with bacteria that aid them by providing necessary nutrients not found in their 

food source. Other bacteria may also form symbiotic relations with insects that 

give them other reproductive or physiological advantages. These bacteria that 

are required for the insects to live are called primary-symbionts; whereas, other 

facultative bacteria which may have more recently developed symbioses with the 

insect are called secondary-symbionts. Primary-symbionts are maternally 

transmitted, have co-evolved with their host insects. They reside in specialized 

cells called bacteriocytes or mycetocytes that can be part of larger structures 

such as the bateriome or mycetome (Buchner 1965, Moran and Mira 2001, 

McLean et al. 2010). The isolation and protection of primary-symbionts has 

resulted in their genomes being degraded and losing genes required for 

independent life (Thao et al. 2000, Moran and Mira 2001, Oliver et al. 2003, 

McLean et al. 2010) 

Primary-symbionts in insects primarily provide the host with nutritional 

supplements that the insect cannot synthesis independently and is also lacking 

from the food source. Some examples of primary-symbionts are: aphids which 

rely on Buchnera aphidicola for amino acids (Chen et al. 1999, Shigenobu et al. 

2000, Moran and Mira 2001); Tsetse flies, which rely on Wigglesworthia 
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glossinidia for vitamins and cofactors (Chen et al. 1999, Oliver et al. 2003, Wu et 

al. 2006); and sharpshooters, such as Homolodisca vitrupenis, which have dual 

primary-symbionts and rely on both Baumannia cicadellinicola and Sulcia 

muelleri for vitamins and amino acids (Buchner 1965, Montllor et al. 2002, Wu et 

al. 2006).  

Secondary-symbionts can be maternally transferred or be obtained from 

the environment. Secondary-symbionts are not necessary for an insect’s survival 

but they can provide beneficial physiological properties for the insect. It has been 

seen in aphids that their secondary-symbionts in the family Enterobacteriaceae 

can provide predator resistance (Oliver et al. 2003, Nakabachi et al. 2006), heat 

resistance (Clark et al. 2001, Montllor et al. 2002, Ferrari et al. 2007, McLean et 

al. 2010), and although proposed, does not allow for more diversity in host plants 

but greater fecundity (Thao et al. 2000, Clark et al. 2001, Wu et al. 2006, Ferrari 

et al. 2007, McLean et al. 2010).  

Carsonella ruddii 

 All psyllid species harbor the Carsonella ruddii as their primary symbiont 

(Thao et al. 2000). C. ruddii is an endosymbiotic bacteria of psyllids that resides 

in specialized cells in the body cavity called bacteriocytes and is maternally 

transmitted to offspring (Buchner 1965, Chang and Musgrave 1969, Fukatsu and 

Nikoh 1998). It is proposed that C. ruddii provides the psyllids with essential 

amino acids lacking in their diet and the psyllids cannot synthesize on their own 

(Buchner 1965, Douglas 1998).  
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 Genetic comparisons of C. ruddii in different psyllid species suggest that this 

infection was passed down from a single infection of the common ancestor of all 

psyllids, yet C. ruddii shows unusually high genetic variation between host 

species of psyllids (Hugenholtz et al. 1998, Thao et al. 2000, Nakabachi et al. 

2006). C. ruddii has the smallest genome of any known bacteria at 160kb, only 

182 open reading frames, a low GC content of 16.5%, and 97.3% of the genome 

coding for proteins and RNA (Wolstenholme 1992, Clark et al. 2001, Nakabachi 

et al. 2006, Carlos et al. 2012). The reduced genome size and low CG content 

result in proteins that are ~9% smaller than orthologous proteins in other bacteria. 

There is also an absence of some ribosomal binding sites suggesting that 

translational coupling occurs similar to mitochondria (Wolstenholme 1992, Clark 

et al. 2001, Wu et al. 2006, Tedersoo et al. 2010). C. ruddii is missing or has 

highly degraded genes that code for proteins necessary for DNA replication and 

maintenance; thus, it is contested as to whether it can be considered an 

independent living organism or if it has become an organelle. C. ruddii is also 

missing genes that code for histidine, phenylalanine and tryptophan, which 

makes it unsuitable as the only primary symbiont in psyllids, which require these 

amino acids (Hugenholtz et al. 1998, Wu et al. 2006, Lee et al. 2009). For 

comparison, Buchnera aphidicola, the obligate symbiont in aphids, has a 450kb 

genome, with 564 ORFs, and with all necessary genes to function without aid 

from the host insect.  
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Wolbachia  

 Hertig and Wolbach, first described the genus Wolbachia, and α-

proteobacter in the class Rickettsia, in 1936, where it was observed in the 

ovaries of Culex pipiens (Hertig and Wolbach 1924, Hertig 1936). No further 

research into Wolbachia was conducted until 1971 when Yen and Barr 

discovered that infected males’ sperm could not fertilize non-infected female 

eggs (Yen and Barr 1971). Reproductive incompatibility has also been observed 

in many other insects such as Drosophila and wasps of the genus Nasonia 

(Breeuwer et al. 1992, Min and Benzer 1997). Wolbachia has also been 

observed in terrestrial isopods, mites, and nematodes. Wolbachia has been seen 

to affect the reproduction of insects in many ways, such as feminization of males, 

parthenogenesis, male killing, cytoplasmic incompatibility, increased fecundity, 

and pathenogenicity (Stouthamer et al. 1990, Rousset et al. 1992, Girin and 

Bouletreau 1995, Min and Benzer 1997, Fialho et al. 2000). Cytoplasmic 

incompatibility does not only occur between infected and non-infected individuals, 

in some cases different strains of Wobachia will cause reproductive 

incompatibility (Breeuwer and Werren 1990). It is thought that these modifications 

have played a part in the evolution of some insects and eusociality (Hurst 1997). 

Wolbachia has also been used in biological control where a strain that causes 

cytoplasmic incompatibility is added to mosquitoes that carry a desired gene, 

which are then released into wild populations and subsequently replace them 

(Bourtzis 2008).  
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Wolbachia is vertically transferred, but genetic comparisons of Wolbachia 

in different species has led to the conclusion that horizontal transfer is common.  

Horizontal transfer of Wolbachia between different species has been observed 

from Drosophila to a parasitoid wasp (Heath et al. 1999). Parasitoid transfer of 

Wolbachia is possibly common because of the abundance of parasitoid wasps 

and the diversity of their hosts (Godfray 1993).  

 In potato psyllids Wolbachia has been identified in eggs, nymphs, and 

adults (Hail et al. 2012). Currently no reproductive modifications or other 

behavioral differences have been associated with Wolbachia in psyllids but its 

presence in all life stages indicates that it is vertically transferred and likely has 

some effect on psyllids.  

Analysis of microbial communities  

Old School: Culturing and Cloning 

Analysis of microbial communities prior to PCR and Sanger sequencing 

consisted of culturing and isolating bacteria on different nutrient media. Culturing 

bacteria limited microbial community analysis because it allowed for the visual 

identification of known and culturable bacteria. Post PCR, microbial communities 

could be identified and quantified by cloning 16s rRNA genes in libraries and then 

utilizing Sanger sequencing on the now isolated and amplified 16s rRNA genes. 

Sequencing bacterial 16s genes allowed for the identification and classification of 

unculturable bacteria, which account for 99% of all bacteria in most 

environmental samples. Results from sequencing 16s genes has led to the 
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identification of 40 new divisions of eubacteria, 13 of which are Candidatus, or 

not represented by a classified culturable organism (Hugenholtz et al. 1998, Lee 

et al. 2009, Amend et al. 2010, Carlos et al. 2012). Though this method allowed 

for a much better understanding of environmental bacterial samples, it was very 

labor intensive, expensive, and because it relied on isolated cultures for each 

sequence, was limited to very few isolates per sample (Schloss et al. 2009, 

Amend et al. 2010, Tedersoo et al. 2010, Caporaso et al. 2011, Huson et al. 

2011, Carlos et al. 2012).  

New School: Pyrosequencing 

Pyrosequencing has eliminated the need for traditional methods of 

bacterial community analysis by reducing cost and time, greatly increasing the 

number of sequences per sample, and allowed for the processing of multiple 

samples at the same time.  

 

Figure 1.3: Diagrams detailing the steps of pyrosequencing. In the left images the process of 

attaching the DNA to beads and the beads being secured in the plate. The right image shows the 

enzymes responsible involved in the light reaction that signifies a nucleotide has been added and 

the resulting pyrogram. (www.pyrosequencing.com, www.454.com) 
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In pyrosequencing individual strands are given nucleotide barcodes then 

hybridized to beads. Once on these beads, the DNA is replicated millions of 

times so each bead contains millions of identical copies of single-stranded DNA. 

These beads are then added to a plate containing millions of wells, each well 

receives one bead. During the sequencing reaction, free nucleotides are washed 

over the plate in a sequential order. If the free nucleotide corresponds to the 

template sequence polymerase will add it to the strand and a phosphate is 

released. Released phosphates are used by sulfurylase to create ATP, which is 

then used by the enzyme luciferase to create light. This light is detected and 

because the nucleotides are added in sequential order, will tell the order of 

nucleotides in the sequence. The light readings are output on a graph called a 

pyrogram. Higher peaks on the pyrogram signify identical sequential nucleotides. 

If it is the improper nucleotide, the enzyme apyrase degrades the free 

nucleotides (Ronaghi 2001).  

Although pyrosequencing has proven to be an accurate method of 

identifying environmental microbial communities, there are some biological and 

technical problems that need to be addressed to not create bias in the data or 

make false assumptions. Pyrosequencing results can be affected by primer 

selection, PCR, and extraction methods. To avoid impacts to diversity and 

species richness, protocols need to be established that will avoid biased data 

(Maidak et al. 1997, Rooney and Ward 2005, Meyer et al. 2008, Lee et al. 2009, 

Tedersoo et al. 2010, Sun et al. 2011, Markowitz et al. 2012). Another problem 
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that is apparent with pyrosequencing of 16s rRNA genes is the inaccurate 

quantification based on sequence abundance caused by gene copy number 

which is variable between and within species of fungus and bacteria (Rooney and 

Ward 2005, Lee et al. 2009, Amend et al. 2010, Haas et al. 2011). Although the 

actual count of sequences can be disproportionate to actual organisms in a 

sample, the overall percentage of abundance, or semi-quantification, in a sample 

is a fair way of describing presence in a sample (Schloss et al. 2009, Amend et al. 

2010, Caporaso et al. 2011, Huson et al. 2011).  

Analysis of 16s rRNA gene pyrosequencing data can be accomplished 

through many software packages such as QIIME, Mothur, and MEGAN  

(Liu et al. 2006, Schloss et al. 2009, Caporaso et al. 2011, Huson et al. 2011). 

There is also a growing number of online services like MG-RAST, the RDP, the 

CAMERA portal, and JGI IMG (Maidak et al. 1997, Munyaneza et al. 2007, 

Meyer et al. 2008, Sun et al. 2011, Markowitz et al. 2012).  

Prior to analysis artifact reads that are too short (<200), abnormally long 

(>1000), chimeric, or low quality need to be removed from the dataset. These 

artifacts are the result of sequencing errors or recombination of sequences that 

are caused by the massively parallel nature of pyrosequencing. There are many 

programs that can filter bad reads or by sequence length, removal of chimeric 

sequences can be done with ChimeraSlayer (Haas et al. 2011, Nachappa et al. 

2011).  
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Pyrosequencing datasets contain a large number of sequences that need 

to be grouped to aid in lowering the computational requirements for analysis. The 

sequences are grouped into OTUs, (operational taxonomic units) based on their 

similarity and length. OTU similarity is chosen by the user dependent on how 

precise of a classification is desired. In bacterial analysis OTU sequence identity 

of 97% is considered species level similarity and 94% similarity to genus. OTUs 

are then classified using a representative sequence from each OTU. There are 

many classification databases: Green Genes, SILVA, NCBI, RDP, and others. 

Depending on the dataset, each can provide classifications to genus or species. 

As more projects seek to classify environmental microbial communities these 

databases are becoming larger and are better suited to classifying samples but 

are still unable to classify many sequences. 

Unidentifiable sequences are still important and can provide insight into 

microbial community diversity. To allow for these unidentified sequences to be 

included in the data analysis with the identified sequences, all representative 

sequences are aligned to a reference sequence and then a phylogenetic tree is 

created based on the alignment. Downstream, the complete phylogenetic tree will 

be used to assess similarities in microbial communities based on how related 

each sample’s individual tree is to the other samples. OTUs closer on the tree will 

have less impact on diversity than OTUs closer on the tree. 



 

 
 

18 

Comparing Microbial Community Diversity  

An important aspect of microbial community analysis is a comparison of 

how diverse these communities are. These comparisons can be qualitative, 

counting presence or absence only, or quantitative, accounting for the number of 

sequences in each OTU. When comparing alpha-diversity, the diversity within a 

sample, commonly used tests are choa1, Shannon-weaver, and rarefaction. 

When comparing beta-diversity, the diversity comparison between samples, 

commonly used indices are UniFrac, Sorensen index, and Jaccard index. 

Another way of looking at diversity is to look at the relatedness of bacteria 

present, called divergence-based diversity. These methods, such as UniFrac, 

use the phylogenetic tree of all OTUs and compare how each sample’s OTU 

phylogeny compares within the OTU phylogeny of all samples combined. The 

advantage of the UniFrac method is that the similarity of the 16s rRNA gene 

sequence can be an indicator of metabolic or environmental similarity. If samples 

have different bacterial communities, but the bacteria perform the same function, 

the trees will be more similar than another sample with different metabolic needs 

(Ley et al. 2005, Lozupone and Knight 2008, Teulon et al. 2009).  

Purpose Statement 

 The potato psyllid has become an economically important pest of 

solanacious crops and has seen a rapid range expansion into Central America, 

the Pacific Northwest, and New Zealand. Potato psyllids are associated with 

Zebra Chip disease in potatoes; which results in millions of dollars in damages to 
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potato crops annually. Previous studies have identified three haplotypes of psyllid 

with unique genetic markers in an attempt to better understand psyllid 

movements. Understanding dynamics that may be affecting potato psyllid range 

expansion could be beneficial to their control in the future. In this study, recent 

potato psyllid range expansions and Candidatus Liberibacter solanacaerum 

infections in solanaceous crops and potato psyllids in Central America were 

confirmed with molecular techniques, current molecular methods used to identify 

Candidatus Liberibacter solanacaerum infection were assessed to understand 

unusual patterns in infection levels of field and lab potato psyllids, and the global 

diversity in potato psyllid microbial community was assessed. 
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Range Expansion of Bactericera cockerelli and New Reservoirs for Candidatus 

Liberibacter solanacaearum in Central America 

Abstract 

 The potato psyllid (Bactericera cockerelli) is an established agricultural 

pest of solanacious crops in the United States, Canada, and Mexico, that has 

recently seen range expansions in Central America, the Pacific Northwest, and 

New Zealand. These expansions are alarming because potato psyllids transmit 

Candidatus Liberibacter solanacaerum (Lso), the bacteria associated with Zebra 

Chip disease in potato that results in millions of dollars in damages annually. 

Potato psyllids have been observed on tomato, potato, peppers, and eggplant, 

but recent reports have shown potato psyllid feeding on tobacco resulting in 

symptoms similar to Zebra Chip. In this survey, plants and psyllids from 

Honduras, Nicaragua, and El Salvador, were tested for the presence of Lso to 

confirm visual indications of infection. The haplotype of the potato psyllids was 

also identified to identify possible sources of import. Plants, including tobacco, 

from all countries tested positive for Lso, but no potato psyllids tested positive. 

This is the first report of Lso in Nicaragua and El Salvador. The potato psyllids 

were all central haplotype indication of a natural range expansion into new areas 

of Central America. 
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Introduction 

The potato psyllid (Bactericera cockerelli) is an established agricultural 

pest of solanacious crops in the United States, Canada, and Mexico, that has 

recently expanded its range south into Honduras, into the Pacific Northwest, and 

an accidental import to New Zealand has resulted in an established presence 

there (Pletsch 1947, Secor and Rivera-Varas 2004, Munyaneza, Goolsby, et al. 

2007, Munyaneza, Crosslin, et al. 2009, Espinoza 2010, Munyaneza et al. 2010, 

Crosslin et al. 2012). Until the early 2000’s potato psyllids were not a hugely 

damaging or regular pest of great importance. The cause of their recent range 

expansions and regular annual outbreaks is yet unknown but could be the result 

of climate changes or the psyllids themselves gaining new environmental 

resistances or adaptations allowing them to breed more prolifically.  

There are three known haplotypes of potato psyllid; one found primarily in 

the central United States and Mexico, another along the west coast of the United 

States and New Zealand, and another recently identified haplotype that is found 

in Washington, Oregon, and Idaho (Liu et al. 2006, Thomas et al. 2011, 

Chapman et al. 2012, Swisher et al. 2012). These three haplotypes do not have 

any morphological differences and have been categorized through molecular 

means. Single nucleotide polymorphisms (SNPs) in the CO1 mitochondrial gene 

have been used successfully as well as ISSR, and the Wolbachia wsp gene to 

identify haplotype (Liu et al. 2006, Chapman et al. 2012, Swisher et al. 2012). 

The Cytochrome B gene was proposed as another gene for detecting haplotype 
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to create more robust protocol for haplotype identification, but there was not 

enough genetic variation between haplotypes (Powell et al. 2012). There are no 

known physiological or behavioral differences between these haplotypes, though 

it is thought that the western haplotype has an increased resistance to pesticides. 

Though psyllids have unknown differences between haplotypes, in other insects 

different biotypes have been seen to have differing feeding preferences, breeding 

behaviors, pesticide resistances, and other economically important differences 

(Claridge and Hollander 1983).  

Potato psyllids have been observed feeding on over 20 families of plants but 

have only been seen to complete development on 40 species (Knowlton and 

Thomas 1934, Wallis 1951), though they show a preference for plants in the 

family Solanaceae (Wallis 1955). Many important food crops are within the family 

Solanaceae such as tomato, potato, peppers, and eggplant. These plants have 

all been observed displaying symptoms of psyllid yellows, a disease caused by 

potato psyllid nymphs feeding on the plant (Blood et al. 1933, Eyer 1937). Psyllid 

yellows are characterized by a reduction in growth and stem rigidity, chlorosis of 

the leaves, basal cupping of leaves, aerial tubers, and premature death (Richards 

et al. 1927, Richards 1928, Blood et al. 1933, Pletsch 1947).  

Damages from psyllid yellows alone are reason to monitor and control 

potato psyllids, but they also transmit Candidatus Liberibacter solanacaerum 

(Lso), the putative causal agent of Zebra Chip (ZC) disease in potatoes 

(Munyaneza, Crosslin, et al. 2007). Lso has been found in many crops such as 
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carrot, tomato, peppers, tamarillo, and potato (Liefting et al. 2008, Crosslin and 

Bester 2009, McKenzie and Shatters 2009, Munyaneza, Sengoda, et al. 2009, 

Munyaneza et al. 2010). ZC displays similar foliar symptoms as psyllid yellows, 

but in potatoes also results in a necrosis of medullary tissues in the tuber that 

causes potatoes to stripe when fried (Munyaneza, Crosslin, et al. 2007). These 

symptoms make the potatoes unmarketable and because the Lso is retained in 

the tubers they cannot be used as seeds for future plantings.  

  Honduras, El Salvador, and Nicaragua have seen recent outbreaks of 

potato psyllids and ZC has been observed in many solanaceous crops. 

Monitoring the spread of potato psyllids and ZC disease into new countries and 

crops is necessary to properly control future outbreaks and understand if the 

spread is natural or caused by negligent agricultural practices. In this study 

tomato plants from El Salvador, potato and pepper plants from Nicaragua, and 

tomato, eggplant and tobacco from Honduras were tested for Lso infection by 

PCR and sequencing. Potato psyllids from Nicaragua were tested with real-time 

melt analysis to identify their haplotype and were also tested for infection with 

Lso.  

Materials and Methods 

Sample Collection and DNA Extraction  

DNA from four tomato plants from El Salvador; five potato plants, one 

pepper plant, and three potato psyllids from Nicaragua; two eggplant, four tomato, 

and twelve tobacco plants from Honduras. All DNA samples from Central 
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America were extracted using the CTAB protocol described by Crosslin et al. 

(2011) and stored at -20°C before and after shipping.  

Haplotype  

Psyllid haplotype was assessed using real-time melt analysis by the 

methods outlined by Chapman et al. (2012). All samples were run with 2µl of 

psyllid genomic DNA with concentrations of 2-20ng/µl. The primers used were 

CO1 F1 5’GGA TTC ATT GTT TGA GCA CAT C and CO1 R1 5’ TGA AAT AGG 

CAC GAG AAT CAA, which amplify a 78bp section of the psyllid mitochondrial 

CO1 gene. The PCR was run with 25µl reactions using 12.5µl of Qiagen 

Quanitfast PCR Master Mix (Qiagen, Valencia, CA), 2.5µl of both primer, 2 µl of 

template DNA, and 5.5µl of nanopure water. The PCR was run using the 

following thermal profile: 15 minute hold at 95°C followed by 40 cycles of 95°C for 

10 seconds and 53°C for 15 seconds. Following PCR and a 90 second pre-melt 

cycle, the product underwent a melt cycle from 65°C to 80°C raising the 

temperature 0.25°C per step holding at each step for 5 seconds. The resulting 

differential melt curves were used to identify haplotype, with the central haplotype 

melting at approximately 1°C lower than the western haplotype. 

Diagnostics to determine Lso infection in insects and plants.  

Extracted potato psyllid DNA was analyzed for the presence of the 16s 

rRNA gene of CLs using conventional PCR.  Each 25 µl reaction included 12.5 

µL Ampli Taq Gold 360 master mix (Applied Biosystems, Foster City, CA), 1µL 

GC enhancer (Applied Biosystems, Foster City, CA), 1 µL of each primer OA2 



 

 
 

42 

and OI2c (Liefting et al. 2008, Crosslin et al. 2011), 7.5 µL water, and 2 µL 

extracted DNA suspended in buffer AE (DNeasy Blood and Tissue DNA 

extraction Kit, Qiagen, Valencia, CA).  The thermal profile was run as follows: 

cycle 1, 94.0⁰ C for 2 min (1x), cycle 2, 94.0⁰C for 30s, 65.0⁰C for 30s, 72.0⁰C for 

60s (x40), and cycle 3, 72.0⁰C for 5 min (x1).  Gel electrophoresis was run using 

1% agarose gels stained with ethidium bromide. 

Sequencing  

PCR products from nine samples positive for Lso were purified using a 

Qiagen Gel Extraction Kit (Qiagen, Valencia, CA) according to manufacturer 

protocol. Purified product less than 20ng/µL was condensed with a CentriVap 

DNA Vacuum Concentrator (Labconco, Kansas City, MO) or rerun following the 

PCR protocol seen above and purified again by gel extraction. Sequencing was 

done at the Yale Sequencing Core on an Applied Biosystems 3730xl DNA 

Genetic Analyzer with 96-capillaries (Life Technologies, Grand Island, NY). Each 

sample was repeated with four forward and four reverse primers. Returned 

sequences were aligned using Geneius and consensus sequences were 

compared with BLAST. 

Results & Discussion 

Biotype  

Three psyllids from Nicaragua and 11 from Honduras were subjected to 

real-time PCR and Melt analysis of a 78bp section of their CO1 mitochondrial 
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gene containing a SNP that differentiates western and central haplotypes of 

potato psyllid (Chapman et al. 2012). All potato psyllids collected in Honduras 

and Nicaragua displayed the same haplotype real-time melt curve as potato 

psyllids from the central United States. One potato psyllid from Honduras was 

excluded from because of low DNA concentrations and a late amplification that 

indicated poor DNA quality possibly caused by improper extraction or shipping. 

Swisher et al. (In Press) confirmed these results using the Honduran samples 

and others from Nicaragua and El Salvador also using the CO1 gene but a 

different primer par that will also differentiate the Pacific Northwest haplotype 

(Swisher et al. 2012). These results indicate that the spread of the potato psyllid 

into this region was not caused by accidental import from California or the Pacific 

Northwest, but a natural range expansion south from Mexico. Weather patterns 

and winds in Central America provide a north-south corridor that the psyllids 

could use, similar to the winds they use to migrate in the United States. The 

southward expansion of potato psyllids is alarming as they transmit pathogens 

and cause extensive damages to crops. Agricultural practices in Central America 

are also a concern when considering the spread of potato psyllids to this area. 

Crop rotations of solanaceous crops do not remove food and breeding locations 

for psyllids and thus over-use of pesticides are being used to control them, which 

could result in the development of resistance (Observations by Blake Bextine and 

Joe Munyaneza). To alleviate problems with growing techniques in this region 



 

 
 

44 

there needs to be more education outreach to promote more environmentally 

conscious agriculture.  

Insects Infected  

None of the psyllids collected from Nicaragua tested positive for 

Candidatus Liberibacter solanacaerum with traditional PCR methods. These 

results are not evidence that potato psyllids are not transmitting Lso in this region. 

In previous studies, only 2% of field-collected insects tested positive for Lso using 

traditional detection methods because of low Lso titers below the minimum 

detection threshold (Arp et al. Submitted). Further testing using more sensitive 

techniques, such as pyrosequencing, need to be utilized to identify the presence 

of Lso in these insects. Pyrosequencing will also be useful in detection of 

potential microbial community differences with other populations of potato psyllid 

that may be present from dietary changes from the available solanaceous plants 

in the region such as tobacco and other native flora.  

Plants Infected 

DNA extracted from tomato plants from El Salvador; potatoes and pepper 

plants from Nicaragua; and eggplant, tomato, and tobacco plants from Honduras 

were tested for Lso. All samples tested positive for Lso, with exception of the 

pepper plant sample from El Salvador, with traditional PCR using the OI2c and 

OA2 primer pair. Gel extracted PCR product from three tomato samples from El 

Salvador, three potatoes from Nicaragua, and two eggplants and one tobacco 

from Honduras were sequenced to confirm positive results. The resulting 
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sequences were checked with BLAST and returned >99% identity with 

Candidatus Liberibacter solanacaerum.  

Table 2.2: Plant samples that tested positive for Lso by traditional PCR with the OI2c/OA2 primer 

pair and sequencing 

 
Tomato Potato Pepper Eggplant 

Country PCR   Sequencing PCR   Sequencing PCR   Sequencing PCR   Sequencing 

El Salvador 4/4 3/3 n/a n/a n/a n/a n/a n/a 

Nicaragua n/a n/a 5/5 3/3 0/1 n/a n/a n/a 

Honduras 4/4 n/a n/a n/a n/a n/a 2/2 2/2 

 

These results are the first reported cases of Lso in Nicaragua and El 

Salvador. The rapid expansion of areas affected with Lso is alarming and a 

greater effort to monitor and control the spread is needed. Lso was most likely 

spread to these countries by the potato psyllids whose range is also expanding 

into new areas of Central America.  Better control methods for potato, and 

regulations on transporting crops that can act as reservoirs of Lso need to be put 

in place to stop the spread.  



 

 
 

46 

 

Figure 2.1: Leaf curl and chlorosis caused by Lso infection in tobacco plants found in Honduras 

Tobacco plants had previously not been identified as a reservoir Lso. Like 

tomatoes and peppers, which display symptoms of infection from Lso similar to 

psyllid yellows, tobacco plants show symptoms of chlorosis and leaf curl. 

Tobacco production in Central America provides many jobs and creates a large 

export. In 2012 tobacco production in Nicaragua in created $95 million in export 

revenue and provided 22,000 jobs. Widespread infection of tobacco plants by 

Lso in Central America could be highly detrimental to these countries and adds to 

the need for better psyllid controls and a better understanding of their range 

expansion.
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Abstract 

 Accurate detection and quantification of Candidatus Liberibacter 

solanacearum, the putative causal agent of zebra chip disease of potato 

(Solanum tuberosum), in the potato psyllid, Bactericera cockerelli, has become 

necessary to better understand the biology of the disease cycle. Studies on the 

transmission efficiency of potato psyllids have shown inconsistencies with field 

surveys. There have also been reports of laboratory colonies inexplicably losing 

and regaining Candidatus Liberibacter solanacearum infection. Until now, DNA 

primers were used to detect Candidatus Liberibacter solanacearum in potato 

psyllid tissue using conventional polymerase chain reaction and gel 
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electrophoresis or by real-time quantitative PCR.  In this study, Candidatus 

Liberibacter solanacearum was detected using bacterial tag-encoded FLX 

amplicon pyrosequencing (bTEFAP) at levels identifiable by PCR, and low levels, 

including samples with only one cell of Candidatus Liberibacter solanacearum. 

Potato psyllids with <300 pyrosequencing reads did not show positive using 

conventional PCR. These results explain why it is possible for laboratory colonies 

to seemingly lose and regain Candidatus Liberibacter solanacearum infection 

and possibly why some populations of potato psyllids that do not test positive for 

Candidatus Liberibacter solanacearum still occur in potato fields with symptoms 

of zebra chip. 
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Introduction 

The potato psyllid, Bactericera cockerelli (Sulc), is an emerging 

agricultural pest of solanaceous crops (e.g. potato, tomato, and pepper). Potato 

psyllids are endemic to the central and western United States, Canada, Mexico, 

and Central America (Pletsch 1947, Munyaneza et al. 2009, 2010, Ferguson et al. 

2002). Historically, the potato psyllid was an agricultural pest of little 

consequence with infrequent outbreaks causing damages to solanaceous crops 

such as tomato, potato, and pepper throughout the western United States 

(Richards et al. 1927, Wallis 1955, Hill 1947). In 2000 a large outbreak of potato 

psyllids spread across the central and western United States and has since 

become an annual event (Secor et al. 2006). As well as becoming an annual pest 

across North and Central America, potato psyllids invaded New Zealand in 2005 

and have become an established and costly agricultural pest (Teulon et al. 2009).  

When plants are fed on by potato psyllids, they often present symptoms 

referred to as “psyllid yellows”, that include the yellowing and curling of leaves, 

reduced tuber growth in potatoes, and premature plant death (Arslan et al. 1985). 

The specific cause of “psyllid yellows” has not been identified (Abernathy 1991). 

In 1994 a new disease arose in potato fields in Saltillo, Mexico commonly called 

Zebra Chip (Munyaneza et al. 2007). Zebra Chip has foliar symptoms similar to 

psyllid yellows, but was identified and named based on the physiological 

changes in the tubers that are not present in “psyllid yellows” (Arslan et al. 1985, 

Sengoda et al. 2009). Zebra Chip is identified by necrosis of the medullary 
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tissues resulting from conversion of the starches to simple sugars, and increases 

in phenolic content and polyphenol oxidase, that result in potatoes that turn dark 

and striped when fried rendering them unusable for the chipping industry and 

other uses (Alvarado et al. 2012).  The causal agent of Zebra Chip was 

determined to be transmitted by potato psyllids, and has been identified as the 

bacteria Candidatus Liberibacter solanacearum (CLs), though because this 

organism cannot cultured, traditional Koch’s postulate has not been completed 

(Secor et al. 2009, Hansen et al. 2008, Liefting et al. 2009). Therefore, CLs 

remains the putative causal agent despite mounting circumstantial evidence of 

pathogenicity. CLs is transmitted by a CLs infected psyllid nymph or adult feeding 

on the phloem of a solanaceous plant. One infected psyllid can infect a potato 

plant with CLs within six hours of feeding and only a short time is required for a 

non-infected psyllid feeding on an infected plant to acquire CLs (Buchman et al. 

2011a, 2011b). Though some nymphs can be infected with CLs through 

transovarial transmission, most psyllids acquire CLs by feeding on infected plants 

as nymphs (Nachappa et al. 2011). When infected with CLs, the bacteria spread 

throughout the plant and can infect daughter tubers.  Because of this, to prevent 

the spread the disease, it is necessary to destroy an entire crop where zebra chip 

is found (Pitman et al. 2010). 

 Many xylem & phloem-feeding insects have symbiotic relationships with 

bacteria to aid in metabolism of amino acids not present in their diet that have 

been well described (Baumann 2005). The potato psyllid is a phytophagous 
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insect and relies on an obligate symbiont bacterium, Candidatus Carsonella rudii, 

to provide for the lack of essential amino acids in the phloem that the psyllids 

cannot synthesize (Thao et al. 2000). Potato psyllids also harbor Wolbachia 

pipientis, a bacterium that is known to have an effect on reproduction in insects, 

but it is not known what, if any, effect Wolbachia has on psyllids (Nachappa et al. 

2011, Liu et al. 2006). Along with these obligate symbionts, potato psyllids harbor 

many other bacteria such as Rhizobium, Gordonia, Mycobacterium, 

Xanthomonas, Staphylococcus, and others that can be obtained through vertical 

or horizontal transfer (Hail 2010). The effect these bacteria have on the psyllid is 

unknown. The relationship between psyllids and CLs is currently unknown, but 

has been observed to shorten lifespan, increase nymph mortality, and lower 

fecundity (Nachappa et al. 2012).  

Next generation sequencing gives the opportunity to look at these 

microbial communities in more depth, teasing out sequences that are at such low 

levels that traditional sequencing missed (Kumar et al. 2011).  These methods 

also allow for the detection and relative abundance of non-culturable prokaryotes 

(Nonnenmann et al. 2010). Ongoing studies are currently using this method to 

analyze global soil microbial communities, the human microbiome, and marine 

plankton surveys (Delmont et al. 2011, Human Microbiome Project Consorium 

2012, Delong 2009). More targeted research has used pyrosequencing to survey 

for West Nile Virus in mosquitos, identify cattle gut bacteria through their feces, 

and to identify potential causal agents of colony collapse disorder in the honey 
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bee (Apis mellifera) (Bishop-Lilly et al. 2010, Dowd et al. 2008a, Cox-Foster et al. 

2009). Using pyrosequencing as a more specific and quantifiable tool is 

becoming more feasible as costs have begun to decrease to levels similar to 

qRT-PCR. 

Detection of CLs is most commonly done with traditional PCR and gel 

electrophoresis methods or by quantitative PCR. These results often show 

inconsistencies of infection levels, such as infected lab colonies of psyllids 

seemingly losing their CLs infection only to regain infection in future generations, 

or low numbers of CLs positive psyllids collected from fields with Zebra Chip. To 

better understand the CLs infection levels of potato psyllids in lab colonies, in 

wild populations, and CLs transmission rates, 110 psyllids collected from 2007 – 

2011 from the United States, New Zealand, and Nicaragua were subjected to 

testing for CLs with PCR and bacterial tag-encoded FLX amplicon 

pyrosequencing (bTEFAP).  

Materials and Methods 

Sample collection and DNA extraction. 

 Adult potato psyllids were collected from 2009-2011 growing seasons 

from potato fields in Texas, Kansas, Nebraska, southern California, Washington, 

Oregon, Auckland, New Zealand; and from colonies kept at Plant and Food 

Research (Auckland, New Zealand) from the initial import of potato psyllids to 

New Zealand in 2005.  The samples were placed in 95% ethanol and stored at -

20⁰ C until processed.   Individual potato psyllid nucleic acid extractions were 
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done using the CTAB (cetyltriethylammonium bromide) buffer method (Zhang et 

al. 1998).  

Traditional diagnostics to determine Liberibacter-infected insects 

Extracted potato psyllid DNA was analyzed for the presence of the 16s 

rRNA gene of CLs using conventional PCR.  Each 25 µl reaction included 12.5 

µL Ampli Taq Gold 360 master mix (Applied Biosystems, Foster City, CA), 1µL 

GC enhancer (Applied Biosystems, Foster City, CA), 1 µL of each primer OA2 

and OI2c (Liefting et al. 2008, Crosslin et al. 2011), 7.5 µL water, and 2 µL 

extracted DNA suspended in buffer AE (DNeasy Blood and Tissue DNA 

extraction Kit, Qiagen, Valencia, CA).  The thermal profile was run as follows: 

cycle 1, 94.0⁰ C for 2 min (1x), cycle 2, 94.0⁰C for 30s, 65.0⁰C for 30s, 72.0⁰C for 

60s (x40), and cycle 3, 72.0⁰C for 5 min (x1).  Gel electrophoresis was run using 

1% agarose gels stained with ethidium bromide, and visualized using a UVP Bio-

Dock It Imaging System (Upland, CA). 

Massively parallel bTEFAP 

 Bacterial tag-encoded FLX amplicon pyrosequencing (bTEFAP) was 

performed by Research and Testing Laboratory (Lubbock, TX).  All DNA sample 

concentrations were adjusted to 100ng/µl.  A 1µl aliquot was used from each 

sample in 50µl PCR reactions.  Primers used for pyrosequencing were Gray28F 

5’TTTGATCNTGGCTCAG and Gray519r 5’GTNTTACNGCGGCKGCTG (Dowd 

et al. 2008a, Dowd et al. 2008b, Hail et al. 2010, Hail et al. 2011).  Initial 

generation of the sequencing library utilized a one-step PCR with a total of 30 
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cycles using HotStar Taq Plus Master Mix (Qiagen, Valencia, CA) and the 

following thermal protocol: 94°C for 3 minutes followed by 30 cycles of 94°C for 

30 seconds; 60°C for 40 seconds and 72°C for 1 minute; and a final elongation 

step at 72°C for 5 minutes.   A two-step PCR was performed for 454 amplicon 

sequencing using the same conditions using fusion primers with different tag 

sequences as described previously (Dowd et al. 2008a, 2008b).  A second PCR 

was performed to prevent amplification biases, which are caused by the tags and 

linkers in the first PCR.  Next, amplicon products were mixed in equal volumes, 

and purified with Agencourt Ampule beads (Agencourt Bioscience Corporation, 

MA, USA).  

The double-stranded DNA was combined with DNA capture beads, then 

amplified using emulsion PCR. After bead recovery and bead enrichment, the 

bead-attached DNA strands were denatured with NaOH, and sequencing primers 

were annealed. A two-region 454 sequencing run was performed on a 

PicoTiterPlate (PTP) using the Genome Sequencer FLX System (Roche, Nutley, 

NJ), and all FLX procedures were performed according to the manufacturer's 

instructions. Tag-encoded FLX amplicon pyrosequencing analyses utilized Roche 

454 FLX instrument with Titanium reagents (Roche, Nutly, NJ).  

Bacterial Diversity and Data Analysis  

After sequencing, failed sequence reads and low quality sequence ends, 

tags and primers were removed.  Black Box Chimera Check (B2C2) (Research 

and Testing, Lubbock, TX) was used for the depletion of chimeras from the 
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bacterial 16s data set.   A distributed BLASTn.NET algorithm was used to 

remove base substitutions and PCR chimeras, assemble the sequences into 

clusters, and query the sequences against a database of high quality 16s 

bacterial sequences from NCBI.  High quality sequences were characterized 

similar to the Ribosomal Database project, version nine (Cole et al 2009).  The 

resulting BLASTn outputs were compiled using a .NET and C# analysis pipeline 

to validate taxonomic distance methods and data reduction analysis. 

Bacterial Identification 

The bacteria were classified at appropriate taxonomic levels based on the 

BLASTn outputs.  The following criteria were met for each level of taxonomy; 

sequence identity scores compared to known or well characterized 16s 

sequences with a greater than 97% identity (less than 3% divergence) were 

resolved at the species level, sequences between 95% and 97% were resolved 

at the genus level, sequences between 90% and 95% were resolved at the family 

level, sequences between 85% and 90% were resolved at the order level, 

sequences 80% to 85% were resolved at the class level, and 77% to 80% were 

resolved at the phyla level.  The percentage of sequence likeness was analyzed 

for each sample, as long as there was ample information among individual 

samples, based on the number of reads within each sample.  Taxonomic 

evaluations were matched to the identification of the closest relative. 
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Results 

454 Pyrosequencing Results  

Pyrosequencing of the 110samples resulted in 750,075 unique 16s 

bacterial sequences. 28,959 (3.86%) of these sequences were identified as CLs. 

Wolbachia sp. and Candidatus Carsonella rudii were the most abundant bacteria 

present. Candidatus Caronella rudii was identified in 99 psyllids (90.0%) 

accounting for 343,298 (45.77%) of the total reads. Wolbachia sp. was identified 

in 103 psyllids (93.63%) accounting for 140,470 (18.73%) reads. Rhizobium (561 

reads), Gordonia (43 reads), Mycobacterium (74 reads), Xanthomonas (44 

reads), Staphylococcus(828 reads) were present in many samples though at far 

lower amounts than the obligate symbiont bacteria.  

Comparison of detection methods between PCR and pyrosequencing  

Of 110 samples sent for bacterial tag-encoded FLX amplicon 

pyrosequencing (bTEFAP), six samples previously tested positive for CLs using 

PCR and gel electrophoresis.  On return of the bTEFAP results, fifteen additional 

samples showed positive results at low levels (Table X). The samples that tested 

positive for CLs with PCR all had cell counts greater than 300 when 

pyrosequenced. Psyllids reared in the laboratory had an average CLs cell count 

of 7847 accounting for an average of 73% of overall reads. CLs infected field-

collected psyllids had CLs cell counts from 1 to 4901 accounting for .01% to 

81.78% of their overall reads, though all but one of these psyllids had a cell count 

below 400 and CLs accounting for less than 1% of their overall bacterial reads. 
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Table 3.1. Comparison of detection of CLs by pyrosequencing and traditional PCR. 

Location Date Collected No. Reads Percent of total 
reads PCR 

New Zealand Colony Jan. 2012 12611 94% + 

New Zealand Colony Jan. 2012 6796 69% + 

New Zealand Colony Jan. 2012 4135 57% + 

LRGV, TX Mar. 2008 377 0.01% + 

Kingsville, TX Mar. 2010 55 1.90% - 

Auckland, New Zealand Jan. 2012 41 0.12% - 

Bridgeport, NE Sept. 2009 11 0.17% - 

Auckland, New Zealand Jan. 2012 2 0.02% - 

Auckland, New Zealand Jan. 2012 1 0.01% - 

Lower Rio Grande Valley, TX Feb. 2009 4901 81.78% + 

Riverside County, CA May 2009 1 0.01% - 

Dalhart, TX June 2009 1 0.02% - 

Ventura County, CA Sept. 2009 9 0.09% - 

Dalhart, TX Oct. 2009 2 0.04% - 

Ventura County, CA Oct. 2009 2 0.02% - 

Orange County, CA June 2010 2 0.02% - 

Orange County, CA Aug. 2010 1 0.01% - 

Ventura County, CA Aug. 2010 2 0.03% - 

Ventura County, CA Sept. 2010 1 0.01% - 

Ventura County, CA Oct. 2010 2 0.02% - 

Ventura County, CA Oct. 2010 2 0.03% - 

Ventura County, CA Oct. 2010 2 0.03% - 

Orange County, CA Nov. 2010 1 0.01% - 

Ventura County, CA Nov. 2010 1 0.01% - 
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Discussion 

 In a traditional monitoring program, yellow sticky cards are used to monitor 

populations of psyllids.  Potato fields are often treated with insecticides in 

response to the first influx of these pest insects.  With these collections of insect 

samples, presence or absence of CLs can be determined, allowing estimations of 

pathogen risk to be determined.  This data is only useful if the detection of the 

pathogen is correct.  Current methods may only be detecting pathogen levels that 

are above a threshold that is inadequate for determining the risk.  In our study, 

107 wild caught psyllids were tested for CLs, 21 (19.63%) of the samples had 

positive results when tested using 454 pyrosequencing; 3 (2.80%) when tested 

with traditional PCR methods.  In a study where potato psyllids were collected 

from symptomatic potato fields in Texas, approximately 25% CLs infection using 

conventional PCR was reported (Secor et al. 2009).  Recently, in laboratory 

colonies of potato psyllid positive for CLs, only 95% of individuals tested using 

conventional PCR result in positive results (Crosslin et al. 2011). In our survey, 

all CLs positive laboratory colony psyllids were positive for CLs by PCR and 

pyrosequencing. It is likely that a higher percent of CLs positive laboratory colony 

psyllids will test positive with pyrosequencing versus traditional PCR methods.     

 In research studies involving colonies of potato psyllids that are being 

maintained in the laboratory, a phenomenon of insect colonies testing negative 

for CLs, then becoming positive, has been observed by several research teams.  

In these studies plants grown from seeds and in isolation from the psyllids were 
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used throughout the life of the colony, and the likelihood of contamination 

(infected individuals being accidentally introduced) was low; and an explanation 

has yet to be derived.  This study provides circumstantial evidence that 

individuals in these colonies probably had levels of CLs that were below the 

detection threshold; thus the insects exhibited false negatives. 

 The extremely high bacterial load of CLs in the laboratory reared potato 

psyllids in comparison with field-collected psyllids is an important factor that 

future research into CLs transmission and the effects of CLs on psyllids need to 

address. The disproportionately high bacterial load of CLs is possibly caused by 

keeping laboratory colonies on too few plants with multiple generations of psyllid 

feeding on the same infected plants compounding CLs exposure. In a recent 

study, Nachappa (2012) found that laboratory psyllids infected with CLs had 

lower fecundity and a shorter lifespan than non-infected psyllids. Using 454 

pyrosequencing analysis could help to explain if these results were caused by an 

unnatural overabundance of CLs interfering with the potato psyllid’s natural 

microbial biota and thus affecting reproduction or nutrition. In studies by 

Buchman et al (2011 a, 2011b), the transmission efficiency of CLs by potato 

psyllids at different life stages was observed. This study also used laboratory 

colonies of CLs infected psyllids. The psyllids were tested for CLs with the 

OA2/OI2c primer pair for presence of CLs only. Our findings of laboratory psyllids’ 

high levels of infection possibly indicate that the results from this study could be 

skewed by the inflated CLs presence of laboratory psyllids.   
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 Even though bTEFAP can be a valuable tool in the management of CLs, 

the advantages and disadvantages of this method must be weighed.  Traditional 

PCR cannot compare to the diagnostic clarity that bTEFAP gives, as bTEFAP 

can detect the presence of one cell, and PCR requires hundreds of cells for 

detection.  Unfortunately, bTEFAP is much more costly than PCR.  PCR is more 

readily available, as equipment is relatively inexpensive and can be done in-

house in most labs.  Pyrosequencing requires expensive equipment, so the work 

needs to be contracted out in most cases.  However, price is becoming more 

reasonable with the next-next generation of sequencers making their way to the 

commercial market.  

This study was used to give a baseline of CLs data using the 

pyrosequencing platform.  The extra cost of 454 pyrosequencing has advantages 

other than low level detection of CLs, it also provides additional data, which can 

be mined to identify potential interactions between CLs and other microbes.  In 

the end, this is a great method that may be too expensive for high volume 

sampling, but it can be used to determine how effective other methods of 

detection are.  
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A Global Comparison of Bactericera cockerelli Microbial Communities 

Abstract 

 The potato psyllid (Bactericera cockerelli) is an emergent pest of 

solanacious crops such as potato, tomato, and tobacco. Historically the potato 

psyllid’s range included central United States, Mexico, and California; more 

recently populations have been reported in Central America, the Pacific 

Northwest, and New Zealand. Like most phytophagous insects, potato psyllids 

require symbiotic bacteria to compensate for nutritional deficiencies in their diet. 

The primary-symbiont of psyllids is Candidatus Carsonella ruddii; they may also 

harbor many secondary-symbionts such as Wolbachia sp., Sodalis sp., 

Pseudomonas sp., and others. These secondary symbionts can have an effect 

on reproduction, nutrition, immune response, and resistances to heat or 

pesticides. To identify regional differences potato psyllid bacterial symbionts 454 

pyrosequencing was performed using generic 16s rRNA gene primers. Analysis 

was performed using the Qiime 1.6.0 software suite. OTUs were then grouped at 

95% identity. Representative sequences were classified to genus using the ARB 

SILVA database. Potato psyllids collected in California contained a less diverse 

microbial community than those collected in the central United States and Central 

America. The crop variety, collection year, and haplotype did not seem to affect 

the microbial community in potato psyllids. 
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Introduction 

The potato psyllid, Bactericera cockerelli (Sulc), is a phytophagous 

hemipteran insect in the family Triozidae. Potato psyllids’ range changes 

seasonally following optimal breeding temperatures that extends from eastern 

Mexico south to Nicaragua, throughout the central United States, California, the 

Pacific Northwest, and New Zealand (Pletsch 1947, Munyaneza, Goolsby, et al. 

2007, Munyaneza, Crosslin, et al. 2007, Secor et al. 2009, Teulon et al. 2009, 

Munyaneza 2010). Potato psyllids feed primarily on solanaceous plants, which 

include crops such as: potato, tomato, peppers, and tobacco (Knowlton and 

Thomas 1934, Wallis 1951). The potato psyllid is known to transmit the bacteria 

Candidatus Liberibacter solanacaeurm (Lso), the putative causal agent of Zebra 

Chip disease in potato (Secor et al. 2009). Zebra Chip causes physiological 

changes in potato tubers rendering them unsellable to the chip industry, which 

results in millions of dollars in crop losses annually. The recent range expansions 

and extensive crop damages caused by potato psyllids have led to research 

looking at population dynamics of the potato psyllids. Using molecular markers in 

the CO1 gene and ISSR have identified three unique haplotypes of potato psyllid, 

one along the west coast of the United States and New Zealand, one isolated in 

the Pacific Northwest and Idaho, a haplotype in the Central United States, 

Mexico, and Central America (Liu et al. 2006, Chapman et al. 2012, Swisher et al. 

2012).  
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Potato psyllids rely on bacterial symbionts in their gut to provide them with 

essential amino acids that are absent in their diet (Thao et al. 2000). This is 

common and many insects are host to a wide variety of mutualistic bacterial 

symbionts that can provide the insects with enhanced resistance to pesticides, 

enhanced immune response, nutrition, and reproductive advantages (Feldhaar 

and Gross 2009, Kikuchi et al. 2012).  

These bacteria are grouped into two categories, primary and secondary 

symbionts. Primary-symbionts have co-evolved with their host and are necessary 

for their host’s survival and are passed vertically, from parent to offspring. They 

are usually held in specialized cells called bacteriocytes, or mycetocytes, that 

may be clustered into specialized organs called bacteriomes (Buchner 1965, 

Moran and Mira 2001, McLean et al. 2010). Many sap-feeding insects, such as 

psyllids and hoppers, co-evolved with bacteria that provide essential amino acids 

not present in the plant fluids they ingest (Baumann 2005).  

Secondary-symbionts can provide the host with advantages, are not 

necessary for their host’s survival and do not share a long evolutionary history. 

Secondary symbionts can either be intracellular or reside in the hemolymph and 

are obtained through feeding or by physical contact (Buchner 1965). These 

secondary facultative symbionts can affect the reproduction, predator resistance, 

host feeding preference, pesticide resistance, or heat resistance (Stouthamer et 

al. 1999, Montllor et al. 2002, Oliver et al. 2003, Casteel et al. 2012).  
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The primary symbionts contained in potato psyllid bacteriocytes are 

Candidatus Carsonella ruddi, an endosymbiont that co-evolved with psyllids 

(Thao et al. 2000). There are also many secondary endosymbionts such as Lso, 

Acinetobacter, Methylibium, and Wolbachia sp. that are transmitted to the 

psyllids through feeding or passed to offspring from the mother (Nachappa et al. 

2011, Hail et al. 2012).  

Analyzing insect bacterial symbionts has proven difficult in the past. Many 

of these bacteria are unculturable, so a complete picture of the insect microbial 

communities was unavailable (Hugenholtz et al. 1998). With the advent of next-

generation sequencing techniques, such as pyrosequencing, we are now able to 

fully identify the complete insect symbiont composition. Pyrosequencing allows 

for the simultaneous sequencing of millions of different 16s rDNA sequences per 

sample allowing for the identification of the entire microbial community without 

the need to culture the bacteria or create clone libraries (Tamaki et al. 2011). 

Pryosequecing is also beneficial in that it provides a quantitative representation 

of the microbial community, not only presence and absence data provided by 

earlier cloning techniques.  

 Previous pyrosequencing surveys of potato psyllid microbial communities 

have been performed on various life stages and using pooled insects collected at 

the same time and location (Nachappa et al. 2011, Hail et al. 2012). This survey 

used similar techniques as the previous studies, but used single insect DNA 

extractions from many locations, years, host plants, and haplotype. Molecular 
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markers have been used to investigate potato psyllid migration patterns and 

recent range expansions, but these have not been able to identify population 

differences below haplotype. Microbial communities can differ between 

populations of insects and could potentially provide insight into migration patterns 

and also the range expansions into the Pacific Northwest and Central America. 

The potato psyllid microbial communities were also compared based on 

haplotype, year, and the crop the sample was collected from, to identify potential 

biotic influences on the microbial community. If proposed resident populations of 

potato psyllids and migration patterns do occur, regional differences in microbial 

community should be apparent. Understanding regional differences in microbial 

community could also lead to a better understanding of speculated pesticide 

resistance in some populations of potato psyllids because bacterial symbionts 

have been seen to impart pesticide resistance in other insects.  

Materials and Methods 

Sample collection and extraction 

Psyllid samples were collected from both agricultural fields and from 

laboratory colonies. Potato psyllids were collected in 2008-2011 from fields in 

Texas, Kansas, Nebraska, Colorado, California, Oregon, Washington, Nicaragua, 

and New Zealand. Carrot psyllids and three of the New Zealand samples were 

from lab-raised colonies. Agricultural samples were obtained with aspirators and 

not with sticky traps. After collection, samples were stored in 95% ethanol at -

20°C until extraction.  
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 Both Qiagen DNeasy Blood and Tissue kits and an optimized CTAB 

protocol were used to extract complete DNA. Extracted DNA was stored at  -

20°C.  

Haplotype  

Psyllid haplotype was assessed using real-time melt analysis by the 

methods outlined by Chapman (2013). All samples were run with 2µl of psyllid 

genomic DNA with concentrations of 2-20ng/µl. The primers used were CO1 F1 

5’GGA TTC ATT GTT TGA GCA CAT C and CO1 R1 5’ TGA AAT AGG CAC 

GAG AAT CAA, which amplify a 78bp section of the psyllid mitochondrial CO1 

gene. The PCR was run with 25µl reactions using 12.5µl of Qiagen Quanitfast 

PCR Master Mix (Qiagen, Valencia, CA) , 2.5µl of both primer, 2 µl of template 

DNA, and 7.5µl of nanopure water. The PCR was run using the following thermal 

profile: 15 minute hold at 95°C followed by 40 cycles of 95°C for 10 seconds and 

53°C for 15 seconds. Following PCR and a 90 second pre-melt cycle, the product 

underwent a melt cycle from 65°C to 80°C raising the temperature 0.25°C per 

step holding at each step for 5 seconds. The resulting differential melt curves 

were used to identify haplotype, with the central haplotype melting at 

approximately 1°C lower than the western haplotype.  

454 Pyrosequencing 

Bacterial tag-encoded FLX amplicon pyrosequencing (bTEFAP) was 

performed by Research and Testing Laboratory (Lubbock, TX).  All DNA sample 

concentrations were adjusted to 100ng/µl.  A 1µl aliquot was used from each 
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sample in 50µl PCR reactions.  Primers used for pyrosequencing were Gray28F 

5’TTTGATCNTGGCTCAG and Gray519r 5’GTNTTACNGCGGCKGCTG (Dowd 

et al. 2008a, Dowd et al. 2008b, Hail et al. 2010, Hail et al. 2011).  Initial 

generation of the sequencing library utilized a one-step PCR with a total of 30 

cycles using HotStar Taq Plus Master Mix (Qiagen, Valencia, CA) and the 

following thermal protocol: 94°C for 3 minutes followed by 30 cycles of 94°C for 

30 seconds; 60°C for 40 seconds and 72°C for 1 minute; and a final elongation 

step at 72°C for 5 minutes.   A two-step PCR was performed for 454 amplicon 

sequencing using the same conditions using fusion primers with different tag 

sequences as described previously (Dowd et al. 2008a, 2008b).  A second PCR 

was performed to prevent amplification biases, which are caused by the tags and 

linkers in the first PCR.  Next, amplicon products were mixed in equal volumes, 

and purified with Agencourt Ampule beads (Agencourt Bioscience Corporation, 

MA, USA).  

The double-stranded DNA was combined with DNA capture beads, then 

amplified using emulsion PCR. After bead recovery and bead enrichment, the 

bead-attached DNA strands were denatured with NaOH, and sequencing primers 

were annealed. A two-region 454 sequencing run was performed on a 

PicoTiterPlate (PTP) using the Genome Sequencer FLX System (Roche, Nutley, 

NJ), and all FLX procedures were performed according to the manufacturer's 

instructions. Tag-encoded FLX amplicon pyrosequencing analyses utilized Roche 

454 FLX instrument with Titanium reagents (Roche, Nutly, NJ).  
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Data analysis  

Sequence analysis was performed using the Qiime 1.6.0 metagenomic 

analysis package. Samples with less than 1000 sequences returned were 

removed to filter samples with low sequencing depth. OTU (operational 

taxonomic unit) picking was performed using the USEARCH pipeline scripts with 

a sequence identity of 97%. All OTUs with a length <200bp were removed prior 

to classification. Samples with less than 1000 sequences returned were also 

removed to filter samples with low sequencing depth. Representative sequences 

for each OTU were classified against the ARB SILVA database to genus. Total 

counts for each classification were calculated and used for downstream analysis. 

Genus classification results as opposed to OTU counts were used because of 

inconsistencies in sequencing results from multiple runs causing artificial sample 

separations based on run.  

 To compare similarities between bacterial communities, classical 

multidimensional analysis with a Bray-Curtis distribution were performed using R 

with the vegan package. Psyllid bacterial communities were compared based on 

their locations, the year they were collected, the host plant they were collected 

from, and their haplotype.  

Results 

Microbial Community Analysis 

Pyrosequencing of 117 individual potato psyllids and 10 carrot psyllids 

resulted in over 788,000 quality sequences, approximately 6,200 per psyllid (min 
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1013; max 32,552). Four potato psyllids returned less than 1000 sequences and 

were removed prior to analysis. Clustering the sequences into OTUs at 97% 

sequence identity resulted in 1,623 OTUs. Classification of these OTUs reported 

the presence of 14 Phyla, 28 classes, 63 orders, 114 families, and 105 genera of 

bacteria. 

The bacterial sequences returned from pyrosequencing were similar in 

composition to the previous findings of Hail (2012) and Nachappa (2011). 

Returned sequences consisted of 53% Wolbachia sp., 19% Candidatus 

Carsonella rudii, 4% Acintobacter sp., 4% Pseudomnas sp., and 2% Candidatus 

Liberibacter (Figure 4.1). The remaining 18% consisted of sequences that were 

either uncommon in the entire dataset or could not be classified to the genus 

level. When looking at individual samples, other bacteria such as Pantodea sp., 

Porphyromonas sp., Prevotella sp., Sodalis sp., Streptococcus sp., and 

Veilonella sp., were common. Bacteria in the families Burkholderiales and 

Rhizobiales were also common.  

Multivariate analysis of influences on potato psyllid microbial community 

The proportions of Wolbachia sp. and Candidatus Carsonsella rudii mostly 

influenced the psyllids groupings (Figure 4.4). Carrot psyllids (Trioza apicalis) 

were included as an outlier and their isolation from most of the potato psyllids 

validates the model data. It was found that carrot psyllids do not harbor 

Wolbachia sp. but do have a very high proportion of their microbial community 

represented by Candidatus Liberibacter sp.(~24%). The high proportion of 
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Candidatus Liberibater sp. also present in the colony potato psyllids from New 

Zealand could explain their close proximity in the MDS plot.  

 Within the United States there is a great diversity within the microbial 

community of psyllids (Figure 4.3). Although the patterns are not precise there 

are some groupings of note. Of the 27 potato psyllids collected in California all 

but two grouped very similar and show little microbial diversity with Wolbachia sp. 

comprising a majority of their microbial community. The two outlying samples 

from California, collected in Riverside in 2009, had a microbial community 

composed of much higher percentages of Candidatus Carsonsella rudii (~25%), 

Sodalis sp.(~15%), and lower percentage of Wolbachia sp.(~1%) than other 

samples collected in California.  Potato psyllids collected from Texas, Nebraska, 

Kansas, Colorado, and Nicaragua possessed much more microbial diversity than 

samples collected in California. The samples from Washington grouped together 

with their microbial community being primarily composed of Candidatus 

Carsonella ruddi and a Pantodea sp.. Samples collected in Oregon did not group 

exclusively with samples from Washington. These samples portrayed different 

groupings with similarities to Washington, California, and Texas samples. 

Potato psyllid haplotype was assessed using a single SNP in the CO1 

mitochondrial gene using the real-time melt analysis protocol developed by 

Chapman et al. (2012). 70 potato psyllids from Texas, Kansas, Nebraska, 

Colorado, Washington, Oregon, California, Nicaragua, and Auckland, New 

Zealand, were tested for haplotype. Using the haplotype as the signifier the 
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bacterial communities were plotted with classical multidimensional scaling. There 

were no apparent patterns or clustering of bacterial community in relation to 

haplotype (Figure 4.5). It can be inferred from these results that the microbial 

community of psyllids is not influenced by haplotype and is most likely the result 

of vertical transfer at a population level or environmental interactions.  

Potato psyllids of the central haplotype from Texas, Kansas, and 

Nebraska, from 2008, 2009, and 2010 were also separately compared using 

classical multidimensional scaling based on their microbial communities (Figure 

4.6). These samples were chosen because of their wide diversity in microbial 

communities and the likelihood of identifying patterns related strictly to annual 

changes as opposed to environmental or physiological differences. Although 

there is an unusual separation in the samples from 2009, a majority of the 

samples from all three years overlapped and did not separate in any meaningful 

way.  
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Figure 4.1: Representation of all sequences returned from
 454 pyrosequencing 
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Figure 4.2: Correlation of % the total microbial community composition of Wolbachia to C. ruddii 

in potato psyllids (p < 0.001) 
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Figure 4.3: Individual potato psyllids compared by their bacterial community and labeled based on 

the state they were collected 
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Figure 4.4: Individual potato psyllids compared by their bacterial community and labeled by their 

percent bacterial community composition of %Wolbachia / % C. rudii 
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Figure 4.5: Bacterial community similarities of potato psyllids compared by the psyllids’ haplotype 
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Figure 4.6: Bacterial community similarities of potato psyllids collected from TX, NE, and KS 

compared by the year in which the psyllids were collected 

-0.2 0.0 0.2 0.4 0.6

-0
.4

-0
.2

0.
0

0.
2

0.
4

MDS

Coordinate 1

C
oo

rd
in

at
e 

2

2008
2009
2010



 

 
 

90 

 

 Figure 4.7: Bacterial community similarities of potato psyllids collected from three counties in 

California compared by the host plant the psyllids were on when collected 
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plants; while the potato psyllids collected in Riverside County were only collected 

from potato plants. It was assumed that the close proximity of the sites, and the 

assumption of their haplotype being the same, would limit the external influence 

other than plant host variety on the groupings. When plotted there were no 

differences based on host pant or county. Overlap of counties was expected 

because of their close proximity. The result of the MDS shows that the host plant 

the psyllids were collected from does not seem to have an effect on microbial 

community.  

Discussion 

Microbial Community Analysis 

The overall results returned from pyrosequencing matched previous 

studies into potato psyllid microbial communities, though between individual 

samples there was a great amount of diversity not yet observed in psyllid 

microbial community surveys. Previous surveys have only used potato psyllids 

collected from potato fields in central Texas, or from colonies that were originally 

collected from potato fields in Texas. As well as using similar locations, previous 

studies used DNA extracted from pooled insects, which could have washed out 

unique diversity found within the pooled samples. Performing the survey with 

individual insects over a much wider area has provided much deeper insight to 

the regional diversity present in the microbial communities of potato psyllids. 

The majority of difference between samples was the levels of Wolbahia sp. 

and Candidatus Carsonella ruddii, which appear to be competing for dominance 
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(Figure 4.2 and Figure 4.4). Further studies with cell culture and insect culture 

should be done to investigate this relationship. The absence of Candidatus 

Carsonella ruddii in some samples was unexpected because it is considered the 

primary symbiont to psyllids and is required to provide the psyllids with amino 

acids that they cannot synthesize, yet some samples did not contain any or a 

very low percentage of sequences that matched to Candidatus Carsonella ruddii. 

After the whole genome of Candidatus Carsonella ruddii was sequenced it was 

found that it did not contain genes for production all three amino acids lacking 

from the psyllid and it would be necessary for potato psyllids to have a second 

primary symbiont. It is possible that Wolbachia could be providing these amino 

acids to psyllids, but whole genome sequencing of the Wolbachia species found 

in potato psyllids would be needed to provide the evidence of this relation.  

Multivariate analysis of influences on potato psyllid microbial community 

Regional differences in potato psyllid microbial community have provided 

an interesting insight into questions about potato psyllid range expansion, 

pesticide resistance, and new introductions. In previous surveys of the potato 

psyllid microbial community only potato psyllids collected from Texas were used 

and these insects were pooled, removing any possibility of detecting unique 

differences between the psyllids (Nachappa et al. 2011, Hail et al. 2012). 

Samples collected in Washington and Oregon were suspected to share microbial 

communities similar to the potato psyllids collected in California because of the 

traditional northward range expansion seen in the central US, but this pattern is 



 

 
 

93 

not supported in the western United States. The reason for the dissimilarity 

between Washington and Oregon samples given their close geographic proximity 

is unknown. 

Potato psyllid haplotype was expected to be a primary influence on the 

microbial community as many primary and secondary symbionts are vertically 

transferred and comprise a majority of the microbial community in most insects. 

The results of this survey did not reflect the expected separation of samples 

based on their haplotype. A possible explanation for part of these results could 

be caused by the methods used to identify the potato psyllid’s haplotype. At the 

time of our survey there was only one method of haplotype detection to 

differentiate between the central and western haplotypes, but a newer method 

has been developed that separated a new third haplotype present primarily in 

Washington and Oregon (Swisher et al. 2012). Using the two-haplotype method, 

this third haplotype shows similarity to the central haplotype. Using the three-

haplotype detection could add detail necessary to explain some of these results, 

especially because Washington and some Oregon samples grouped far separate 

than samples from the central United States and California.  

Similar to haplotype, no separation based on the years the psyllid samples 

from the central United States were collected. This information is promising for 

planning IPM, as some symbiotic bacteria have been seen to provide resistances 

to pesticides and annual shifts in microbial community could lead to shifts in 

resistances (Kikuchi et al. 2012). Annual consistency in the diversity of 
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microbiota in this region lends further evidence that a better understanding of 

potato psyllid populations and their migration patterns is needed.  

The potato psyllid samples from southern California were collected from 

pepper, tomato, and potato plants. It was thought that host plant would cause 

differences in the potato psyllids’ microbial community because part of the 

microbial community in insects is obtained through feeding. The host plant the 

potato psyllids were collected from did not have an impact on the similarity of 

potato psyllid microbial communities. These results are interesting but it is 

important to note that these psyllids were field collected and the diet of the 

nymphs and adults prior to collection were not known. Plant material from where 

the psyllids were collected was also not analyzed, so what bacteria the psyllids 

were possibly obtaining from the plants are also unknown. 
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Appendix A 

 

 

Figure 0.1: Gel result of Lso test of Central American samples. A: El Salvador Tomato; B: 

Nicaragua Potato; C: Nicaragua Pepper; D: Nicaragua Psyllid; E: Honduras Eggplant; 

F: Honduras Tomato; G: Honduras Tobacco 
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Appendix A (Continued) 

 

 

Figure 0.2: Consensus sequence from OI2c/OA2 primer pair targeting the 16s gene of Lso from 

Sample 31 

 



 

 
 

102 

Appendix A (Continued) 

 

 

Figure 0.3: PCR amplification curve for haplotype detection of psyllids collected in Honduras. 

Samples amplifying later than cycle 20 were excluded. 

 

Figure 0.4: Melt analysis for haplotype detection of potato psyllids from Honduras. The curve   

matches that of the central haplotype 
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Appendix A (Continued) 

 

 

 

Figure 0.5: Results of Lso detection in samples that were positive for Lso by pyrosequencing. All 

samples were run in duplicate. The number above the bands indicates the number of 

returned sequences from pyrosequencing that were identified as Lso. 
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